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Abstract

In surface-based biosensors, an optimal microchannel geometry combines a large surface area in the XY

plane with a reduced channel height along the Z-axis. However, fabricating microchannels with heights below

25 µm and/or incorporating micropillars remains challenging using low-cost, accessible methods. Here, we

propose a simple and rapid fabrication method that exploits the intrinsic surface topography generated by

fused deposition modelling (FDM) 3D printing. This layer-by-layer fabrication process inherently produces

surface features that were exploited to form microchannels. The substrates were characterized to determine

the dimensions and geometries using scanning electron microscopy (SEM), fluorescence microscopy,

confocal microscopy, and 3D reconstructions. The results showed that surface features from the 3D-printed

molds were successfully transferred into polydimethylsiloxane (PDMS). When pressed to glass, the PDMS

replicas form adjacent microchannels as small as 15 µm in height that provide a shallow and extensive sensing

area. Flow tests confirmed the integrity of the channels and demonstrated that they could be sealed without

plasma bonding. This approach demonstrates a significant advancement in the fabrication of sub-20 µm

microchannels and in the development of alternatives to traditional micropillars, with high-resolution results

achieved using standard, low-cost FDM printing.
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Aldrik H. Velders, a Giovanni Valenti, c and Vittorio Saggiomo ,∗a

In surface-based biosensors, an optimal microchannel geometry combines a large surface area in
the XY plane with a reduced channel height along the Z-axis. However, fabricating microchannels
with heights below 25 µm and/or incorporating micropillars remains challenging using low-cost,
accessible methods. Here, we propose a simple and rapid fabrication method that exploits the
intrinsic surface topography generated by fused deposition modelling (FDM) 3D printing. This
layer-by-layer fabrication process inherently produces surface features that were exploited to form
microchannels. The substrates were characterized to determine the dimensions and geometries
using scanning electron microscopy (SEM), fluorescence microscopy, confocal microscopy, and 3D
reconstructions. The results showed that surface features from the 3D-printed molds were successfully
transferred into polydimethylsiloxane (PDMS). When pressed to glass, the PDMS replicas form
adjacent microchannels as small as 15 µm in height that provide a shallow and extensive sensing
area. Flow tests confirmed the integrity of the channels and demonstrated that they could be sealed
without plasma bonding. This approach demonstrates a significant advancement in the fabrication
of sub-20 µm microchannels and in the development of alternatives to traditional micropillars, with
high-resolution results achieved using standard, low-cost FDM printing.

1 Introduction
Microfluidics has gained growing interest in biomedical ap-
plications1–3 and is widely used in areas such as cell pro-
cessing,4–7 drug discovery,8–11 pharmacological and toxicolog-
ical assays,8,12,13 tissue engineering,14 and organ-on-chip plat-
forms.6,15,16

Microfluidics is also central in the integration of biosensors into
lab-on-chip systems.17–20 These systems enable precise handling
of small fluid volumes, reducing reagent consumption, acceler-
ating biochemical reactions, and enhancing detection sensitivity.
The complete sample analysis can be integrated onto a single
portable platform with high throughput and reduced operational
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costs while using minimal reagent volumes, making it suitable for
point-of-care applications.18

Microchannels are key structures in microfluidics, and their
dimensions must be carefully considered.21 In surface-based
biosensors, reducing the microchannel height drastically in-
creases the diffusion rate of analytes to the sensor surface. This
enhancement in mass transport fastens the analyte interactions
and thereby shortens the sensor’s response time and increases its
sensitivity.22–24 Another important design consideration for mi-
crochannels in surface-based biosensors is their lateral dimen-
sions. While a small channel height enhances analyte diffusion
toward the active surface, wide and elongated channels can pro-
vide an extended active surface, thereby increasing the probabil-
ity of analyte binding.

In addition to the microchannel dimensions, one must also con-
sider their fabrication method and the choice of material. Poly-
dimethylsiloxane (PDMS) is the most widely used material for
that matter.25,26 PDMS shows many advantages: it is low-cost,
biocompatible, transparent, and easy to handle. Its surface can
be modified using silane chemistry, and it has a high gas perme-
ability, which supports the viability of cells and microorganisms.
Typically, PDMS microchannels are fabricated by replicating a sil-
icon master mold produced through clean-room lithography,27,28
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or stereolithography (SLA) 3D printing.29–31 After casting and
curing the PDMS on the mold, it is peeled off and bonded to a
glass substrate via oxygen plasma activation.
To fabricate PDMS microchannels with large lateral dimensions
and small heights, supporting micropillars are often integrated
to prevent the collapse of the PDMS “roof".32 These pillars are
also usually fabricated by replicating silicon master molds made
in clean rooms.33,34 While this approach achieves excellent fea-
ture resolution (with heights below 5 µm), it requires clean-room
processes, which are costly, complex, and time-consuming.
3D printing has been reported as a versatile alternative for the
fabrication of microfluidic devices.35–41 Compared to conven-
tional cleanroom lithography, 3D printing enables rapid and low-
cost prototyping. Among the various additive manufacturing
techniques, SLA and fused deposition modeling (FDM) 3D print-
ing are the most accessible commercial approaches. These tech-
niques can be used either to directly print microfluidic devices or
to fabricate molds for subsequent PDMS replication.29–31,42

SLA printing uses photopolymerization to achieve fine feature res-
olution and smooth surfaces. However, it faces challenges when
fabricating features below 25 µm in the Z direction, and 50 µm
in the XY plane, as controlling light exposure and polymerization
at small scales becomes more difficult.43,44 These limitations of-
ten lead to partial resin curing. When SLA printing is used to
directly fabricate microfluidic devices, uncured resin can remain
trapped within enclosed microchannels and is difficult to remove.
In the case of PDMS replication, partial resin curing can lead to
incomplete PDMS crosslinking due to residual monomers or pho-
toinitiators, resulting in fragile demolding.44 Although insight-
ful work has investigated the fabrication of features below 100
µm using SLA printing, the processes remain complex and non-
intuitive.29,45–48 SLA has also been used to fabricate micropil-
lars, but the smallest pillar structures have dimensions of 50 µm
× 50 µm × 100 µm, which remain limited and impractical.46

Therefore, there is a need to develop easier methods to fabricate
microchannels with small heights and large lateral dimensions to
advance microfluidic device prototyping.
FDM printing is generally cheaper than SLA printing, and its fab-
rication principle is simpler. A thermoplastic filament is extruded
through a heated nozzle and deposited layer by layer to form the
desired 3D structure. The printing resolution in the XY plane de-
pends on several interdependent parameters, including the noz-
zle diameter, the extrusion temperature, and the nozzle-to-build-
plate distance. The precise control of these parameters is chal-
lenging and limits the resolution of FDM-printed structures in the
XY plane to 200 µm with standard 0.4 mm nozzles.49 The Z-
axis resolution in FDM 3D printing corresponds to the thickness
of each layer of filament deposited and is easy to control. How-
ever, the layer-by-layer fabrication principle inherently introduces
a periodic ridge-and-valley structure along the Z-axis that creates
porosity in the printed object, reducing its ability to contain pres-
surized fluids. Furthermore, this porosity leads to reduced optical
quality in PDMS replicas and hinder reliable sealing or bonding
of the replicas to glass substrates.49,50 As a result, FDM print-
ing is typically used to fabricate microfluidic devices with larger
channel sizes rather than molds for subsequent PDMS replication.

Here, we exploit this layering limitation and we treat the Z-axis
resolution of FDM 3D printing as a strength rather than a limita-
tion. We show that the ridge-and-valley structures along the Z-
axis can be replicated in PDMS to form microchannels with small
heights by sticking the PDMS to a glass surface. Moreover, be-
cause the so formed microchannels are adjacent to one another,
they collectively provide a large surface area. The present study
therefore introduces a low-cost, accessible, and rapid alternative
to traditional micropillars. Here, we explore the use of standard
FDM 3D printing for microchannels fabrication, and we evaluate
the fidelity and dimensional accuracy of the resulting structures.
The workflow is accessible even to non-experts and is suitable for
diverse biomedical applications, such as surface-based biosensing
(e.g. electrochemical biosensing).

2 Results and discussion
We exploit the intrinsic surface features of FDM 3D-printed struc-
tures to form PDMS microchannels. The layer-by-layer fabrication
process of FDM 3D printing generates ridges and valleys along the
Z-axis, which we replicate negatively in PDMS and assemble onto
a glass substrate to form microchannels.
For this purpose, we printed a flat structure made of polylactic
acid (PLA) in the vertical orientation to maximize the presence
of the surface patterns along the Z-axis, which would be largely
diminished if the structure was printed horizontally (Figure 1a).
The PDMS mixture was cast directly onto the printed structure,
which was fixed horizontally (Figure 1b,c). The PDMS was cured
and carefully peeled off from the printed mold (Figure 1d).
The PLA mold with the maximum printing layer resolution of 50
µm and its corresponding PDMS replica were characterized using
scanning electron microscopy (SEM) to identify their dimensions
and surface morphology. SEM of the PLA mold (Figure 2a) con-
firms the presence of ridge-and-valley structures with an average
valley depth of around 15 µm. SEM analysis of the PDMS replica
(Figure 2b) confirms uniform replication of the curved geometry
and an average half-pipe depth also of around 15 µm. A full 3D
reconstruction of the SEM data, allowing detailed observation of
both substrate surfaces, is provided in the supplementary infor-
mation (Figure S1, S2).
The PDMS replicas from molds of varying layer thicknesses
(namely 50, 100, 150 and 200 µm) were dyed with rhodamine
and observed by fluorescence microscopy. The microscopic image
of their cross-section (Figure 3) clearly highlights the resulting
structures corresponding to half-pipes. The microscopic images
in the bright-field mode are also shown in the supplementary in-
formation (Figure S3). The results show that the Z-axis resolution
(layer thickness) of the printed structure directly determines the
final height of the half-pipe structures formed in PDMS.
We confirm the reproducibility of the replication by using a differ-
ent FDM 3D printer, as detailed in the supplementary information
(Figure S4).
The PDMS replica, with two holes for the inlet and outlet, was
mechanically pressed onto the substrate to form the microchan-
nels, which eliminates the need for plasma bonding. To achieve
this, custom holders composed of four 3D-printed polyethylene
terephthalate glycol (PETG) units were fabricated and assem-
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a)

b) c) d)

3D-print PDMS

PDMS

3D-print 50 µm 

Fig. 1 a) The PLA mold (2cm×2cm×2mm) is printed vertically with an FDM 3D printer. The macropicture shows the layered structure. b) The
printed mold (only the top is shown here) is fixed horizontally in a Petri dish. c) PDMS is cast directly on the printed mold. d) PDMS is carefully
peeled off from the printed mold. The PDMS exposes the negative replication of the surface features of the printed PLA mold.

3D-print PDMS
a) b)

Fig. 2 SEM images (at +7°) and cross-sectional analysis of a) the PLA printed mold with 50 µm layer thickness b) the corresponding PDMS replica.
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Fig. 3 10× fluorescence microscopy images of the cross-section of
rhodamine-dyed PDMS replicas fabricated from printed molds with vary-
ing layer thicknesses: a) 200 µm, b) 150 µm, c) 100 µm, and d) 50 µm.

bled in pairs using screws (Figure 4). These holders allow PDMS
chips with varying thickness to be pressed between a polymethyl
methacrylate (PMMA) piece and a glass slide. The screws are
tightened until the holders hardly move and remain still. Multiple
microchannels are formed in parallel on the glass surface. Each
microchannel has a volume of approximately 15 nL, assuming a
rectangular cross-section and a channel length of 2 cm (which can
be adjusted by varying the distance between the inlet and outlet
apertures). When the inlet aperture reaches a diameter of 1.5
mm, a total of 30 parallel microchannels can be filled, resulting
in a combined flow volume of approximately 0.5 µL.
To verify that the microchannels were properly sealed, a simple
flow test with a solution of polystyrene (PS) beads was performed
after fabrication. The PDMS chips were first inspected by eye to
identify any immediate leakage or obvious sealing defects. The
channels integrity and continuity were then verified by optical
microscopy (Figure 5a).
To obtain a detailed observation of the channels’ cross-section
when filled with solution, confocal imaging was performed. An
aqueous fluorescein solution was introduced into rhodamine-
dyed PDMS microchannels. Imaging was carried out using both
the rhodamine and fluorescein channels of the confocal micro-
scope, enabling a clear distinction between the internal structure
of the PDMS channels (fluorescein signal) and the PDMS mate-
rial (rhodamine signal). By acquiring a z-stack of images, we ob-
tained a qualitative 3D visualization that reveals the morphology
of the filled channels (Figure 5b). The measured channel height
of approximately 30 µm is not reliable. This inaccuracy is likely
due to several parameters, such as a too large confocal spot size
with the objective used, a potential bleaching of the fluorescein
dye, a possible diffusion of the dye into the PDMS, or errors dur-
ing data transfer from the confocal software to ImageJ.
To prove the integrity of the single channels, flow experiments
using suspensions of polystyrene (PS) beads with a diameter of 1
µm in water were performed. Rhodamine-labelled PS beads were
introduced at high-speed compared to the exposure time of the
microscope and their trajectories appearing as continuous lines
could be visualized by fluorescence microscopy (Figure 5c). The
beads appear to remain confined within distinct microchannels;

and slow down (dots) near the channel walls. A microscope video
in the supplementary information shows that the beads flow with-
out any crossflow between the channels. When PS beads with a
diameter of 7 µm were introduced, they easily clogged the small
channels (Figure 5d).

Our results show that PLA molds produced by FDM printing have
well-defined ridge–and-valley structures on the surface with val-
ley depths down to 15 µm. These patterns are successfully trans-
ferred into PDMS, as confirmed by fluorescence microscopy, SEM
imaging, and confocal microscopy. Flow tests demonstrate that
the replicated structures function as confined microchannels on a
glass substrate even without plasma treatment.

Rather than designing micropillars, this approach uses the surface
topography created by FDM printing to form multiple small, par-
allel microchannels. This avoids cleanroom fabrication, making
the process faster and easier while achieving resolutions beyond
those achievable with standard FDM 3D printing on the XY plane.
This method also avoids the need for plasma equipment by using
custom 3D-printed holders. Overall, the method is simple and
low-cost. It can be replicated even with a low-quality FDM 3D
printer, since the distance between the inlet and outlet apertures
can be adjusted to have well-defined layers replicated in PDMS.
Further miniaturization by optimizing printing parameters, such
as extrusion multipliers, nozzle temperature, and printing speed,
could be explored in future work.

3 Materials and methods

3.1 PDMS replication of 3D-printed mold

The PLA master mold (2 cm × 2 cm × 2 mm) was fabricated with
a Prusa MK4 3D printer (Prusa Research, Prague, Czech Republic)
equipped with a 0.4 mm nozzle. The PLA filament was purchased
from REAL-filament (Amsterdam, the Netherlands). Model slic-
ing and layer thickness were defined in the PrusaSlicer v2.9.0
software. SYLGARD™ 184 silicone elastomer base and curing
agent (Dow Corning Corporation, Midland, MI, USA) were mixed
with a 10:1 weight ratio, stirred manually for 3 min to ensure
homogeneity, and subsequently degassed in a vacuum desiccator.
The degassed PDMS mixture was then cast directly onto the PLA
master mold (which was fixed with double sided-tape horizon-
tally in a Petri-dish). The PDMS was left to cure at room temper-
ature overnight to minimize air bubble formation. Final curing
was performed in the oven at 70 °C for 2 h. After curing, the so-
lidified PDMS, containing the negative replication of the 3D print
surface features, was carefully peeled off the mold.

3.2 Scanning electron microscopy

We performed SEM (Magellan 400, FEI, Eindhoven, the Nether-
lands) to validate the surface reconstruction of the PLA master
mold and the PDMS replica. Images were captured with the sec-
ondary electron detector set at 2 kV and 13 pA. Images were taken
at +7° and -7°, allowing for the generation of 3D stereoscopic im-
ages. The images were obtained at 1000x magnification.
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3D printed holder (top part)

3D printed holder (down part)

Glass slide

PMMA

a) b)

PDMS chip

PDMS

Fig. 4 a) Exploded view of the microfluidic device with 3D-printed holders pressing the PDMS chip to a glass slide b) Picture of the microfluidic
device.

50 μm

Rhodamine - PDMS

Fluorescein

50 μm50 μm

250 μm

a) b)

c) d)

Fig. 5 a) 2.5× bright-field microscopy image showing the filling of the channels connected to the inlet with a PS bead suspension. Only the channels
in the center are being filled, they remain sealed from the channels in the top and bottom of the image. b) 3D visualization of the microchannels’
cross-section obtained from a confocal microscopy z-stack. The PDMS was dyed with rhodamine, and a fluorescein solution was introduced. c) 20×
fluorescence microscopy image of 1 µm rhodamine-labeled PS beads introduced into the channel at a flow rate of 0.1 mL/min. d) 20× fluorescence
microscopy image of 7 µm PS beads introduced at a flow rate of 10 µL/min.
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3.3 Analysis in MountainsSEM®

Stereoscopic 3D reconstruction of the PLA master and the PDMS
replica was performed using MountainsSEM® software (Digital
Surf, Besançon, France). For 3D reconstruction, a comparison
window of 5x5 pixels was used. During post-processing, images
were leveled. With the 3D reconstruction, a profile curve was
made to extract the height profile of the samples.

3.4 PDMS-on-glass microchannels

The PDMS replica was attached to a microscope glass slide to
enclose the microchannels using a custom 3D-printed clamping
system. Before assembly, both the PDMS substrate and the glass
slide were thoroughly cleaned with isopropanol and Milli-Q wa-
ter, then dried. Remaining dust particles were removed using
adhesive tape. Inlet and outlet holes were created through the
PDMS using a 1.5 mm biopsy punch. The clamping system was
designed using the open-access online software Tinkercad (Au-
todesk, San Francisco, CA, USA). It was fabricated from PETG
(Prusa Research), a material chosen for its greater mechanical
stability compared to PLA. It was used to press the PDMS replica
between a PMMA piece and a glass substrate. The clamp was po-
sitioned immediately before the inlet and immediately after the
outlet to prevent liquid from flowing outside of the channel re-
gion.

3.5 Fluorescence microscopy

The PDMS replica was cut with a scalpel to expose the cross-
section, which was then visualized using a Leica DMi8 microscope
(Leica Microsystems, Wetzlar, Germany) in bright-field mode and
rhodamine mode. To enhance contrast, the PDMS samples were
immersed in a dichloromethane (DCM) solution containing Rho-
damine B (Sigma-Aldrich, St. Louis, MO, USA) for several min-
utes and then dried. Swelling of the PDMS in DCM facilitates
diffusion of the dye through the PDMS, giving it a light red col-
oration. This helped to properly visualize the cross-section of the
PDMS replica in the Rhodamine channel of the microscope. To
evaluate reproducibility, identical experiments were conducted
with PDMS replicas fabricated from molds printed using a Bambu
Lab A1 3D printer (Shenzhen, China).

3.6 Flow trials

PS beads with diameters of 1 µm and 7 µm (Sigma-Aldrich) were
suspended in Milli-Q water and introduced into the channels us-
ing a syringe connected to a Pump 11 Elite pump (Harvard Appa-
ratus, Holliston, MA, USA). Flow was introduced in withdrawing
mode to prevent detachment of the channels from the glass sub-
strate. 1 µm rhodamine-PS beads were introduced at a higher
flow rate (0.1 mL/min corresponding to a speed of 75 mm/s)
than the exposure time of the microscope (90 s) to observe their
trajectory; and 7 µm PS beads were introduced at 10 µL/min (cor-
responding to a speed of 7.5 mm/s).

3.7 Confocal microscopy

Fluorescein free acid was purchased from Sigma-Aldrich, and flu-
orescein solutions were prepared in Milli-Q water and stabilized
with sodium hydroxide. Confocal fluorescence imaging was per-
formed using an RCM confocal microscope (Confocal.NL, Amster-
dam, the Netherlands) to visualize the interior of the microchan-
nels filled with fluid. Imaging was performed with a 20x objective
at a Z-step of 5 µm. The acquired image stacks were processed
using the open-source software Fiji (National Institutes of Health,
Bethesda, MD, USA) to generate a 3D visualization. It enabled
the confirmation of the channels’ cross-section geometry under
flow conditions. This experiment was conducted in rhodamine-
dyed PDMS microchannels to provide a clear contrast between
the interior and exterior of the channels.

Conclusions
In this work, we introduce a simple and cost-friendly way of fab-
ricating 15 µm PDMS microchannels. We used 3D FDM print-
ers, which are easy to use, and ubiquitous nowadays to perform
replica molding. The FDM printer can be used to fabricate mi-
crochannels of various sizes by tuning the thickness of the printed
layers. The volume can be modified by changing the length of the
microchannels (distance between the inlet and outlet apertures)
and the inlet and outlet apertures’ sizes.

Through this technology, we developed an open way to fabricate
microdevices for researchers or students less experienced in mi-
crofabrication. The continuous advancement of 3D printing tech-
nologies and the growing interest in their applications suggest
that higher Z-axis resolution will become available in the future,
enabling the fabrication of even smaller microchannels. These
systems can be used for simple fluid handling and for more ad-
vanced applications for instance in surface-based biosensing.
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